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ABSTRACT: Liposomes are self-assembled phospholipid vesicles with great potential in fields ranging from targeted drug 
delivery to artificial cells. The formation of liposomes using microfluidic techniques has seen considerable progress, but 
the liposomes formation process itself has not been studied in great detail. As a result, high throughput, high-yielding 
routes to monodisperse liposomes with multiple compartments have not been demonstrated. Here, we report on a surfac-
tant-assisted microfluidic route to uniform, single bilayer liposomes, ranging from 25 µm to 190 µm,  and with or without 
multiple inner compartments. The key of our method is the precise control over the developing interfacial energies of 
complex W/O/W emulsion systems during liposome formation, which is achieved via an additional surfactant in the 
phase.  The liposomes consist of single bilayers, as demonstrated by nanopore formation experiments and confocal fluo-
resce microscopy, and they can act as compartments for cell-free gene expression. The microfluidic technique can be ex-
panded to create liposomes with a multitude of coupled compartments, opening routes to networks of multistep microre-
actors. 

There has been a significant interest in the use of liposomes, self-assembled phospholipid vesicles composed of bilayer 
membranes, in fields as diverse as targeted drug delivery,1,2 membrane protein science,3-5 bioreactors6-8 and biosensors.9,10 
Cell-sized liposomes that encapsulate biomolecules and incorporate biological functions provide a versatile mimic of cer-
tain aspects of living cells, as exemplified by work showing RNA replication,11-13 in vitro transcription and translation of 
gene networks,6,14-16 and organization of cell division machinery in liposomes.17-24  

However, conventional methods to synthesize lipid vesicles, such as extrusion through porous membranes,25 elec-
troformation,26 reverse phase evaporation,27 droplet emulsion transfer,28 freeze-drying,29 hydration or swelling,30,31 give low 
yields, lead to polydisperse liposomes and show inefficient encapsulation.32,33 Microfluidics offers a route to create uni-
form liposomes templated from either water-in-oil (W/O) single emulsion drops34-37 or water-in-oil-in-water (W/O/W) 
double emulsion drops.22,38-42 In the single emulsion method, lipid-stabilized W/O emulsion drops are prepared and sub-
sequently transferred to a water phase via centrifugation or specially designed microchannels,34,35,37 to obtain lipid bi-
layers. However, this route is typically very low-yielding, with 95-99% of liposomes bursting as they cross into the aque-
ous phase.33 By contrast, double emulsion-templated methods based on fluid shearing,22,38,39 pulsed jetting40,41 or transient 
membrane ejection,42 offer robust high-throughput production of monodisperse vesicles with high encapsulation efficien-
cy.32,33 However, these strategies crucially rely on the ultrathin-shelled double emulsions as templates, requiring more 
complicated device design and routes that are sensitive to the operating conditions or the materials being used, and the 
resultant vesicles often contain lipid reservoirs or residual oil in the lipid membranes.39,40 Although recent work has im-
proved the quality of the liposomes via emulsion dewetting,22 the complete dewetting of double emulsion drops to form 
liposomes has not been studied in detail. Furthermore, the controlled formation of liposomes with multiple compart-
ments has not been achieved, as the thin-shelled emulsion templates containing multi-cores are unstable and suffer from 
strong capillary forces that lead to the coalescence of inner compartments.43,44 This limitation has hindered progress in 
the application of such multicompartment systems in coupled microreactors,45,46 or complex liposome networks.47-50 

In this paper, we report on a surfactant-assisted microfluidic strategy for assembling multicompartment liposomes from 
double emulsions. The key to the successful formation of monodisperse, stable and structured liposomes is control over 
the dewetting process. Dewetting phenomena of double emulsions are dominated by interfacial energies; a fact that has 
been utilized to prepare polymersomes including multicompartment structures.51-53 However, controlled dewetting of 
double emulsions to form liposomes (single or multicompartmental) has not been achieved thus far, because simply re-
placing diblock co-polymers (for example, poly(ethyleneglycol)-b-poly(lactic acid)) with phospholipids in the poly-
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mersome preparation systems cannot trigger dewetting transitions.39 Here, we use a triblock co-polymer surfactant, Plu-
ronic F-68, to adjust interfacial energies in the W/O/W emulsion system to ensure the complete dewetting and formation 
of oil-free monodisperse liposomes with both single and multiple compartments. By changing the dimensions of the tem-
plates, liposomes ranging from 20 µm to 200 µm in diameter can be easily formed in capillary microfluidic devices. By 
changing the concentration of surfactant, the dewetting time can be adjusted from less than 1 min to about 3 hours. Final-
ly, we demonstrate that our method is compatible with cell-free gene expression and that the resulting liposomes are 
unilamellar vesicles, allowing the insertion of membrane proteins such as melittin and alpha-hemolysin into the mem-
branes. This innovative approach for fabricating controllable uniform liposomes in high yield and high throughput can 
facilitate research on the use of liposomes as cell-like bio-devices or as advanced delivery methods.  

Surfactant-controlled dewetting of W/O/W emulsion drops. The dewetting of double emulsions is determined by 

the spreading coefficient that is defined as 𝑆𝑖 = 𝛾𝑗𝑘 − (𝛾𝑖𝑗 + 𝛾𝑖𝑘), where 𝛾𝑖𝑗 is the interfacial tension between fluids 𝑖 and 

𝑗.54,55 To illustrate, we take W1/O/W2 double emulsions for example: when 𝑆𝑜 < 0, i.e., 𝛾𝑤1𝑤2 − (𝛾𝑜𝑤1 + 𝛾𝑜𝑤2) < 0 (1), the 
dewetting will occur spontaneously to minimize the total interfacial energies (from Figure 1a1 to Figure 1a2). However, a 
complete dewetting of phase O over phase W1 (from Figure 1a2 to Figure 1a3) also requires 𝑆𝑤1 < 0, i.e.,𝛾𝑜𝑤2 −
(𝛾𝑜𝑤1 + 𝛾𝑤1𝑤2) < 0 (2) and 𝑆𝑤2 > 0, i.e., 𝛾𝑜𝑤1 − (𝛾𝑜𝑤2 + 𝛾𝑤1𝑤2) > 0 (3). From equation (1), (2) and (3), we conclude the 
criterion for complete dewetting of W1/O/W2 emulsion drops is the equation (3). Only if 𝑆𝑤2 > 0, will the dewetting pro-
cess go to completion, resulting in separated aqueous (W1) and oil (O) droplets. Moreover, higher 𝑆𝑤2 values result in 
higher driving forces for dewetting, and thus faster dewetting transitions. This criterion agrees well with the adhesion 
energy ΔF derived from the Young-Dupre equation of the droplet system, ∆𝐹 = 𝛾𝑜𝑤2 + 𝛾𝑤1𝑤2−𝛾𝑜𝑤1,56. When 𝑆𝑤2 > 0, ∆𝐹 
is negative, meaning that there is no adhesion energy between the two drops. In this paper, we utilize a triblock co-
polymer surfactant, Pluronic F-68 (see Supporting Information (SI) for selection of surfactants), to adjust the interfacial 
energies of phospholipid stabilized W/O/W emulsion drops, ensuring their complete dewetting and formation of oil-free 
monodisperse liposomes with multiple compartments.  

W/O/W double emulsion drops were prepared in a glass capillary microfluidic device as shown in Figure 1b (Movie S1, 
see Experimental Section for details about the device). Typically, the inner water phase (W1), middle oil phase (O) and 
outer water phase (W2) consisted of an aqueous solution with 8.0 wt.% polyethylene glycol (PEG) and 2.0 wt.% polyvinyl 
alcohol (PVA), a mixture of chloroform and hexane (40:60, v/v) containing 1.0-5.0 mg mL-1 L-α-phosphatidylcholine (egg 
PC), and a 10.0 wt.% PVA and 0.1-5.0 wt.% F-68 solution, respectively. PEG and PVA are used here to improve emulsion 
preparation and stability. The freshly prepared double emulsions were collected in a sealed container and observed im-
mediately. To observe the dewetting process and liposomes clearly, methylene blue or fluorescein isothiocyanate-dextran 
(FITC-Dextran) were added in the inner phase in some experiments. As illustrated in Figure 1c and d, the dewetting pro-
cess was recorded using optical or confocal fluorescence microscopy; the oil shells gradually dewetted from the interior 
drops within 15 min at a concentration of 0.3 wt.% F-68, ultimately forming completely separated liposomes and oil drops 
with excess lipids (Figure S1 and Movie S2). 

 

Figure 1. (a) Cartoon of surfactant-assisted assembly of liposome from dewetting of double emulsion drop. (b) Preparation of 
W/O/W double emulsions in a microcapillary-based device. (c,d) Time-serial optical (c) and confocal (d) images of the complete 
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dewetting process (d1-d3) with liposomes separating from residual oil droplets (d4). W1, W2 and O stand for inner water phase, 
outer water phase and oil phase, respectively. Scale bars are 100 µm. 

This surfactant-assisted complete dewetting can be explained by careful analysis of the role of the surfactants. Once the 
W1/O/W2 emulsion drops are formed, lipids in the shell will adsorb to both internal and external water-oil interfaces to 
form two lipid monolayers (Figure 1a1). Meanwhile, the surfactant F-68 in W2 phase also adsorbs to the external water-oil 
interface (Figure 1a1), which further decreases interfacial tensions between O-W2 phases (𝛾𝑜𝑤2) during evaporation of the 
chloroform fraction of the oil phase. For example, when the concentration of F-68 is 0.5 wt.%, 𝛾𝑜𝑤2 reduces from 0.63 mN 
m-1 to 0.28 mN m-1 as the chloroform fraction decreases from 40 vol.% to 30 vol.% (Table S1). In the absence of F-68, the 
corresponding values of 𝛾𝑜𝑤2 are 0.59 mN m-1 and 0.45 mN m-1, respectively (Table S2). Chloroform is a good solvent for 
lipids but also more soluble in water than hexane (solubility: chloroform 8 g L-1, hexane 13 mg L-1 at 20 oC).53 Chloroform 
diffuses from the oil shell into the outer water quickly and evaporates, making the shell a hexane-rich poor solvent for 
lipids, which induces an attractive interaction between the two lipid monolayers. With assistance of F-68, the interfacial 
tension between the two lipid monolayers (𝛾𝑤1𝑤2) also decreases sharply from ≥ 0.78 mN m-1 (Table S2) to nearly 0 mN m-

1 (Tables S1 and S3) at 30 vol.% chloroform. The combination of interfacial tensions leads to a negative 𝑆𝑜 (𝑆𝑜= -0.61 and -
0.51 when the surfactant concentration are 0.5 wt.% and 2.0 wt.% at 30 vol.% chloroform, respectively, see Tables S1 and 
S3); as a result, the oil is expelled from the shell, and the two lipid monolayers stick together, forming a lipid bilayer 
membrane (Figures 1c second image, S1b). When the combination of interfacial tensions makes a positive 𝑆𝑤2 (𝑆𝑤2= 0.05 
and 0.15 when the surfactant concentrations are 0.5 wt.% and 2.0 wt.% at 30 vol.% chloroform, respectively, see Tables S1 
and S3), the inner drops will entirely dewet from the oil drops, forming intact liposomes (Figures 1c last image, 1d3 and 
S1c). As a control, W/O/W emulsions without F-68 were also prepared. In absence of F-68, these emulsions are very stable 
and but do not undergo the dewetting transition (Figure S2), because in this case 𝑆𝑜 is always positive regardless of the 
chloroform fraction (Table S2). Importantly, the unwanted residual oil droplets formed after dewetting can be easily re-
moved from liposome samples by exploiting the density differences in the system (Figure 1d4 and S3, see Experimental 
Section for details).   

Our method for fabricating liposomes gives control over the dewetting time and liposome dimensions, as well as high 
yields over a range of experimental conditions. By changing the concentration of F-68 in the outer water phase, the 
dewetting time can be adjusted. As Figure 2a shows, when the concentration of F-68 increases from 0.1 wt.% to 1.0 wt.%, 
the dewetting time will decrease sharply from 3 hours to about 1 min. However, when the concentration of F-68 is as high 
as 5.0 wt.%, the interfacial tension between W2 and O phases (𝛾𝑜𝑤2) is as low as 0.1 mN m-1, leading to unwanted emulsifi-
cation and adhesion of the oil shells (Figure S4). We note that the preferable concentration of F-68 is between 0.3 wt.% 
and 1 wt.%. The size of liposomes can be varied by tuning the flow rates. Figure 2b shows changes in liposome diameters 
from 190 µm to 25 µm as the outer flowrate (QOuter) increases from 0.5 mL h-1 to 30 mL h-1., keeping the inner and middle 
phase flowrates (QInner and QMiddle) both fixed at 0.5 mL h-1. By replacing the egg PC with other lipids or lipid mixtures, 
diverse liposomes composed of 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-dimyristoyl-sn-glycero-3-
phosphocholine (DMPC), 1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC), E. coli lipids or mixtures of egg PC and 
cholesterol were achieved (Figure S5). Remarkably, the droplet production rate can be as high as 1 kHz with a yield of lip-
osomes as high as 94% (Figure S6), As-prepared liposomes are extremely uniform. Figure 2c shows the mean diameters of 
liposomes are 63 µm and 109 µm (Figures 2c1 and 2c2, respectively) and their coefficients of variation are both 3% (Figure 
2c3). Importantly and in contrast to previously reported methods based on dewetting of double emulsions, the surfactant 
controlled dewetting is a spontaneous process and does not rely on specific solvent ratios of chloroform and hexane (Fig-
ure S7) nor the application of shear flows. Liposomes formed in our method therefore do not exhibit residual oil and lipid 
reservoirs (Figures 1d3 and S1c). To further demonstrate this, we added 1 mol.% (to egg PC) labeled lipid, 1,2-dimyristoyl-
sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl) (ammonium salt) (Rh-PE) in the middle oil to 
visualize the bilayer membranes of resultant liposomes, in which the fluorescent lipids distribute homogeneously in the 
liposome boundaries (Figure S8). After removing residual oil drops, we characterized the liposomes by using gas chroma-
tography. Results show that the signals of chloroform and hexane are too weak to identify, indicating that there is (al-
most) no oil left in the liposome sample (Figure S9). In addition, our method is independent of the thickness of the oil 
shells of the emulsion templates. Figures 2d1-d4 show liposomes with the same size formed from double emulsions with 
oil shell thickness ranging from 1 µm, to 3 µm, to 14 µm and to 36 µm, respectively. This controllability makes it possible 
to create multicompartment liposomes from double emulsions.  
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Figure 2. (a) Dewetting time is controlled by the concentration of F-68 in outer phase. (b) Dependence of the outer flowrate 
(QOuter) on the liposome diameter (D) as QMiddle/QInner is fixed at 0.5 mL h

-1
/0.5 mL h

-1
. (c) Confocal images of as-prepared lipo-

somes in diameters of 63 (c1) and 109 µm (c2); (c3) the size distribution of liposomes in b1 and b2 (150 liposomes measured). (d) 
Successful dewetting of double emulsion drops with different shell thicknesses. Fluorescent liposomes contain FITC-dextran 
inside. Scale bars are 100 µm. 

The key to the successful, complete dewetting of double emulsions to form liposomes is the control of interfacial ener-
gies using surfactants.  In our case, this surfactant may adhere to the outer bilayer leaflet after liposome formation as the 
interaction between PEO-PPO-PEO triblock copolymers including F-68 and lipid bilayers has been studied in detail pre-
viously.57-63 Based on previous studies, we estimate the proportion of absorbed F-68 to lipid in liposomes is around 1:17 
when 0.2 wt.% F-68 and 5 mg mL-1 egg PC are used in outer and middle phases, respectively (Supplementary Experimental 
Details 6). Fortunately, the Pluronic® F-68 is a non-ionic, biocompatible surfactant often used in cell cultures to reduce 
cell attachment and in drug delivery system.  It has been reported that the use of F-68 in liposomes can greatly improve 
the stability of liposomes.64 More than 80% percent of liposome are present after storage for two days. Consequently, we 
believe that the presence of F-68 outside the liposomes does not hinder the application of the liposomes, but provides 
more advantages, such as easier fabrication and better stability. 

In vitro transcription and translation in liposomes. The surfactant-controlled strategy to form a large number of 
the oil-free monodisperse liposomes with high encapsulation efficiency provides an excellent platform to improve lipo-
some-related research. To demonstrate the potential and to prove their compatibility with biomolecules, we employed 
the liposomes as cell-like bioreactors to perform in vitro transcription and translation (IVTT).6,15,16 Liposomes filled with 
cell-free gene expression solutions were successfully created using mixtures of E. coli extracts, feeding buffer, plasmids 
coding for enhanced green fluorescent protein (eGFP), and T7 promoters, as inner water phase. As Figures 3a-c show, the 
fluorescence intensity of eGFP in liposomes notably increases from 0 min to 35 min and to 150 min. In the first hour, the 
fluorescence signal increases linearly and then reaches a plateau after three hours’ expression probably due to the reaction 
mixture running out of nutrients. Moreover, the fluorescence intensity increase is similar for all liposomes at the same 
incubation time. Although residual solvent levels in liposomes are very low and do not prevent the IVTT reaction, one 
could be concerned about the potentially negative impact of chloroform and hexane on gene expression. Therefore, we 
performed IVTT of eGFP in a plate reader by adding 4 vol.% mixtures of chloroform and hexane (36:64, v/v) in the gene 
expression solution.  We do observe a roughly 25% drop in protein yields, indicating that even at these high concentra-
tions of organic solvents, gene expression is still feasible (Figure S10). Furthermore, during liposome preparation, the oil 
drops separate from liposomes spontaneously within several minutes and can be removed by exploiting density difference 
(Figure S3), which minimizes the impact of solvents (Figure S9). 
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Figure 3. IVTT of eGFP in liposomes. (a-c) Sequence images show expression of eGFP inside the liposomes and (d) the corre-
sponding expression kinetics (average of 30 liposomes). 

Insertion of nanopores into liposomes. The transmembrane transport of molecules and unilamellarity of liposomes 
are essential in a myriad of fields including artificial cells and membrane protein science. Therefore, to demonstrate that 
the membranes of the liposomes formed in our methods are bilayers and to show the feasibility of engineering the prop-
erties of such membranes, we performed protein pore-mediated transport of molecules across liposome boundaries by 
using two different membrane proteins, melittin and alpha-hemolysin (αHL). Melittin self-assembles into bilayers to form 
a pore of 1-3 nm or 3.5-4.5 nm in diameter depending on the number of assembly subunits;65-67 while αHL only forms na-
nopore (1.4 nm in diameter) in unilamellar (i.e. single bilayer) membranes.68 We first prepared liposomes loaded with 
melittin monomers (2 μM)  and calcein fluorescent molecules (10 μM), and observed the fluorescence intensity in lipo-
somes over time. The melittin-induced transport is shown in Figure 4b. Once nanopores were formed, the dye in the lipo-
somes rapidly (<1 min) diffused into the external solution. We note that the releases of molecules from liposomes is not 
synchronous, which may be a result of the fact the pores do not all form at the same time,69,70 (Figures 4c and S11). In con-
trast, in the absence of membrane proteins, liposomes only exhibit slight decay in fluorescence due to photobleaching 
when observed at the same condition (Figures 4d-f). To further confirm the lamellarity of the liposomes, size exclusion 
control was performed by insertion of αHL into the membranes (Figures 4g and S12). We encapsulated rhodamine B 
isothiocyanate-dextran (RITC-Dextran, average Mw= 70,000 g mol-1), calcein (Mw= 623 g mol-1) and αHL in liposomes to 
observe the selective dye diffusion, because nanopores created by αHL only allow small molecules (less than 2,000 g mol-1) 
to transfer.6,68 Consequently, these experiments not only demonstrate the membrane unilamellarity of our liposomes, but 
also show the feasibility of combining diverse nanopores in liposomal systems. 

 

Figure 4. Insertion of melittin and αHL into liposome bilayers. (a) Schematic diagram and (b-c) confocal image series show 
melittin pore-mediated transport of fluorescent molecules. (d,e) Control experiment: no melittin was added in the liposomes. (f) 
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Kinetics of time-dependent release of calcein fluorescence. In each case, 10 liposomes were measured. (g) Schematic diagram 
and (h) confocal image series show αHL pore-mediated, selective transport of fluorescent molecules.  Small molecule calcein can 
cross the nanopores, while RITC-Dextran remains in liposomes.  All scale bars are 100 µm. 

Assembly of multicompartment liposomes. The next paragraph we will show how the surfactant-assisted microflu-
idic method can be easily scaled to fabricate monodisperse liposomes with multi-compartments in large quantities. Such 
liposomes have been formed recently by using a gravity-mediated phase-transfer method.71 However, poor control over 
fluid in this manual method leads to liposomes with large sizes, polydisperse structures, low yields and an irreproducible 
process. Precise manipulation of fluids in microfluidics makes it possible to engineer uniform and small-sized multi-
compartment liposomes in a well-controlled way. Here we employ the interior water drops of double emulsions as build-
ing blocks to construct the desired multi-compartment liposomes (Figure 5a). To prepare the multi-core templates, we 
used a two-stage device to prepare the W1/O droplets at a first stage and sequentially encapsulated them in a second step 
to form double emulsions with controlled number of inner drops (Figures 5b, S13 and Movie S4).  After generation, the 
lipid-stabilized interior droplets adhere to one another forming bilayers, and then the whole assembly escapes from the 
oil shell with the assist of F-68 (Figures 5 a,c and S14), resulting in multicompartment liposomes (Figure 5d). This process 
is similar to the dewetting formation of multi-compartment polymersomes.51 By controlling flowrates, double emulsions 
containing two, three, four and even more than 30 inner drops were created as templates to assemble liposomes with con-
trolled numbers of compartments, and to an extent, a controlled geometry (Figures 5d, S15 and S16). For example, lipo-
somes with three compartments commonly display two configurations, i.e., triangular and linear configurations. To the 
best of our knowledge, this is the first work that shows controllable preparation of multi-compartment liposomes in mi-
crofluidics. 

 

Figure 5. Liposomes with identical multicompartments. (a) Schematic cartoon of surfactant-assisted assembly of multicom-
partment liposome. (b) Snapshots of fabrication of double emulsions with three interior drops. (c) Confocal images of formation 
of dual-compartmental liposomes dewetted from dual-core double emulsions; inset in c2 is a liposome with two different sized 
compartments. (d) Resultant liposomes with three (d1) and four (d2) compartments; insets in d1 and d2 show diverse configura-
tions of liposomes. (e) Confocal image of a Rh-PE labeled dewetting liposome (e1) and magnifications of the dashed areas in e1 
(e2) as well as fluorescence intensity-distance profiles along the lines in e2 (e3).  

Controllable complex multiple emulsions fabricated in microfluidics offer perfect templates to assemble monodisperse 
structured liposomes with distinct internal compartments.72 To prove this concept, we upgraded the microfluidic device 
with two independent droplet generators at the first stage as shown in Figures 6a and S17. The two droplet streams, of 
which one contains Alexa Fluor 488 dye (W1) and the other contains Alexa Fluor 647 dye (W1’), were paired in a larger 
micro-capillary (Movies S5) and encapsulated into a larger droplet at the second stage to form double emulsions contain-
ing different droplets (Figures 6b, S17 and Movie S6). This device configuration yielded monodisperse liposomes with two 
different compartments (liposome “dimers”) (Figure 6c). By simply varying relative flow rates, liposomes with a controlla-
ble number and type of inner compartments can be formed. The images of liposomes in Figure 6d demonstrates the level 
of control achieved. For instance, when the green compartment is one, the red compartment can be tuned from one to 
four or even more.  In addition, the yields of the multicompartment structures are also as high as 62% in dual-
compartment liposomes (Figure S18).  Although the dewetting process is well-controlled and stable, some of the sample 
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were lost because dewetting already started in flowing microchannels which leads to the instability of bilayers.  Low 
flowrates and expanded collection channels would help to increase the yields if required.    

 

Figure 6. Liposomes with distinct multicompartments. (a,b) Schematic and snapshots of fabrication of double emulsions with 
two distinct drops. (c) Confocal images of monodisperse liposomes with two different compartments. (d) As-prepared liposomes 
with controlled structures and various configurations. Scale bars are 100 µm. 

Remarkably, when the number of compartments is more than three, the liposomes will exhibit various configurations 
like liposome “isomers” (framed images in Figure 6d).   For example, liposomes containing 1:2 compartments show 3 pos-
sible “isomers” (Figure 7a), while liposomes containing 2:2 compartments have as diverse as 11 possible “isomers” (see Fig-
ure S19 for several examples).  To show the ratio of liposome “iosmers”, 220 liposomes containing one red compartment 
and two green compartments were collected and analyzed. The number distribution of the liposome “trimers” is illustrat-
ed in Figure 7a.  The number of type B is about twice of that of type C, which agrees well with their formation probabili-
ties.   

Hereinabove we have demonstrated the membranes of single liposomes are bilayers.  Here we confirm the internal 
membranes between compartments are also bilayers by insertion of αHL. This is a key step of the multicompartmental 
structures to successful application in mimicking cell-cell communications and performing coupled multi-step microreac-
tions. As Figure 7b shows, we loaded a small fluorescent molecule calcein in one compartment, and αHL and a big fluo-
rescent molecule Rhodamine B isothiocyanate–dextran (RTIC-Dextran) in the other compartment.  When the nanopores 
were created in intra-multicompartment liposome membrane and external membrane of RTIC-Dextran dyed liposome, 
calcein diffused out from the path created by nanopores (Figure 7b), meaning that the membrane between the two com-
partments is a bilayer as well, which is also supported by the homogeneity of internal and external membranes of the lip-
osomes (Figure S20).  

 

Figure 7. (a) Confocal image of the liposomes with one red compartment and two green compartments showing three different 
configurations and their ratios counted from 220 liposomes. (b) Schematics and confocal images of insertion of αHL into the 
intra-multicompartment liposome bilayers to selectively release fluorescent molecules.   

In conclusion, we have shown a new concept to form monodisperse, complex liposomal structures in microfluidics by 
using surfactants to control the interfacial energies of W/O/W emulsion drops to induce spontaneous and complete 
dewetting. By using different surfactant concentrations, we were able to tune the dewetting time from less than 1 min to 
about 3 hours. By using diverse emulsion templates, the dimensions and the number of compartments in the resultant 
liposomes were all controlled. Finally, we demonstrated that the dewetting approach is compatible with cell-free gene 
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expression and that protein nanopores can be introduced in the unilamellar vesicles. We believe that these liposome net-
works could have potential as new designs for synergistic delivery systems, synthetic cells for mimicking cell-cell commu-
nications, or as coupled multi-step microreactors. 

Materials. To prepare monodisperse W/O/W double emulsions, an aqueous solution with 8 wt.% polyethylene glycol 
(PEG, MW= 6,000 g mol-1, VWR) and 2 wt.% polyvinyl alcohol (PVA, MW= 13,000-23,000 g mol-1, 87-88% hydrolysed, Sig-
ma-Aldrich), a mixture of chloroform and hexane (30:70, 36:64, 40:60 or 50:50, v/v) containing 1-5 mg mL-1 L-α-
phosphatidylcholine (egg PC, Avanti Polar Lipids) as well as 10 wt.% PVA with 0.1-5.0 wt.% Pluronic® F-68 (ThermoFisher 
Scientific) were respectively utilized as inner water phase (W1), middle oil phase (O) and outer water phase (W2). To 
show the flexibility of this method, other lipids, such as 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-
dimyristoyl-sn-glycero-3-phosphocholine (DMPC), 1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC) and E. coli li-
pids (all from Avanti Polar Lipids), were tested in our experiments as well. To visualize as-formed liposomes, water-
soluble dyes including methylene blue (Sigma-Aldrich), fluorescein isothiocyanate-dextran (FITC-Dextran, MW= 40,000 g 
mol-1, Sigma-Aldrich), Alexa Fluor 488 (A488, Invitrogen) and Alexa Fluor 647 (A647) were added in the inner phase and 
labeled lipids 1,2-dimyristoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl) (ammonium salt) 
(Rh-PE) were used in middle phase to show the membrane. To demonstrate the function of F-68 in dewetting process, 10 
wt.% PVA was used as outer phase to prepare double emulsions without F-68. 

Microfluidics. The microfluidic devices are based on coaxial assemblies of round and square glass capillaries on glass 
slides reported by Weitz group.73 In brief, two cylindrical capillaries of outer diameter 960 µm, inner diameter 400 µm 
were precisely tapered to achieve orifice sizes of about 20-50 and 60-100 µm in diameter by using a capillary puller (PN-31, 
Narishige) and a microforge (MF-830, Narishige). The microcapillary with smaller tip modified by trimethylsilyl chloride 
(Sigma-Aldrich) into hydrophobic was used for flowing inner phase, while the capillary with larger diameter was treated 
by 2-[methoxy (polyethyleneoxy) propyl] trimethoxy silane (Gelest, Inc.) to render its surface hydrophilic, and used as the 
collection tube. Both of two cylindrical capillaries were inserted into a square capillary of inner diameter 1.00 mm from its 
two opposite ends. The gaps between the square capillary and round capillary are used as two channels for flowing middle 
and outer phase as shown in Figure 1b. Lastly, dispensing needles used as inlets of fluids were connected at the junctions 
between capillaries or their ends by using a transparent 5 minute® Epoxy (Devcon).  

To prepare double emulsions with multi-cores, the devices are scalable to two-stages, i.e., a flow-focusing drop genera-
tor is designed at the first stage. In short, a cylindrical microcapillary of outer diameter 170 µm was engineered into ap-
proximately 30 µm at one end that was inserted into a square microcapillary of inner diameter 200 µm to form a drop 
generator. The collection tube in first stage, that is, the other unprocessed end of the round microcapillary was inserted 
into the inlet of cylindrical microcapillary (inner diameter 400 µm) at the second stage, which is fabricated as described 
hereinabove. To prepare double emulsions with two distinct interior drops, devices with two flow-focusing drop genera-
tors at the first stage were designed and fabricated similarly. 

To generate the double emulsions, all fluids were pumped into the capillary microfluidic devices by using syringe 
pumps (PHD 2000 series, Harvard Apparatus) at desired flow rates. Typical flow rates of the inner, middle and outer 
phases are 500, 500, and 2,000-5,000 µL h-1, respectively. The formation process of emulsion drops were monitored by 
using an inverted optical microscope (IX71, Olympus) equipped with a high-speed camera (Miroex4, Phantom, Vision 
Research). The freshly prepared emulsions were collected in a semi-enclosed silicone isolation chamber (diameter 9 mm, 
height 0.12mm, SecureSealTM) covered with a glass coverslide for further characterization. The dewetting process and re-
sultant labeled liposomes were observed by an optical microscope (IX81, Olympus) and a confocal laser scanning micro-
scope (CLSM) (SP8x, Leica). 

Removal of residual oil droplets. To remove the residual oil droplets in as-formed liposome samples, we exploit their 
density differences (Figure S3).  Briefly, the freshly prepared mixtures of liposomes (density 1.017 g mL-1) and residual oil 
droplets (density of 30:70 chloroform and hexane, less than 0.905 g mL-1) were collected in a container (for example, a 
vial) that contains an isotonic solution (as inside of liposome) whose density is between those of liposome and oil droplet, 
such as sucrose or salt solution.  For demonstration, we injected the mixtures into 100 mM sucrose solution (density, 1.010 
g mL-1). As expected, oil droplets floated into the top of sucrose solution, while liposomes settled down at the bottom of 
the vial. Lastly, the floating oil droplets can be easily removed by pipetting or evaporating, resulting in pure liposome 
samples in vial (Figure S3). 

IVTT in liposomes. The transcription-translation reaction mixtures mainly consisted of one-third Escherichia coli cell 
lysate (100 μL) and two-thirds feeding buffer (200 μL), which were prepared and stored according to recent publication of 
our group.74 Before preparing liposomes, T7 RNA polymerases (63 U) and plasmids coding for enhanced green fluorescent 
protein (eGFP) (3 nM) were supplemented to the mixture in a cold room, then the final mixture was used as inner phase 
to fabricate loaded liposomes. The collected liposomes were incubated at room temperature (about 22 oC) and monitored 
for 4 hours by an inverted microscope (IX81, Olympus) equipped with a sensitive EMCCD camera (iXon3; Andor). The 
detection interval was 5 min and the laser exposure time was 500 ms. Images showing fluorescence intensity of eGFP in-
side the liposomes were analyzed by a free software ImageJ.  
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Membrane protein insertion assay. To incorporate the membrane protein into the liposomes, melittin (2 μM) or 
αHL (10 µg mL-1) together with calcein (10 μM, pH 7.35, MW= 623 g mol-1) or Rhodamine B isothiocyanate–dextran (10 µM, 
RTIC-Dextran, MW= 70,000 g mol-1) were loaded in the inner phase to prepare liposomes. Commercial lyophilized powder 
of melittin or α-HL (Sigma-Aldrich) was first solubilized in milli-Q water, and then added into W1 phase to desired con-
centrations. As-formed liposomes were collected in a semi-enclosed silicone isolation chamber, and then recorded auto-
matically by an inverted microscope (IX81, Olympus) equipped with a sensitive EMCCD camera (iXon3; Andor) illuminat-
ing from a mercury lamp. The interval time of detection was 0.5 min and the mercury lamp exposure time was 250 ms. 
Images were processed and analyzed by ImageJ. 

Measurement of interfacial energies. In W1/O/W2 emulsion system, the interfacial tensions between O-W1 phases 
and that between O-W2 phases (immiscible phases) were measured by a drop shape analysis system (FTA 1000, First Ten 
Angstroms) using pendant drop method at room temperature. Since there is no direct method to measure the interfacial 
tension of bilayer membrane between two water phases, here we performed an adhesion experiment of two lipid-
stabilized water drops to calculate the interfacial tension according to force balance (see SI). Briefly, W1/O drops and 
W2/O drops were simultaneously generated in two single-staged capillary microfluidic devices respectively. The two 
kinds of piled drops were collected in a same container to make them contact sufficiently. Then their configurations were 
recorded by an optical microscope (BX 71, Olympus) for further calculation.  

The Supporting Information is available free of charge on the ACS Publications website at DOI:  
Supplementary experimental details show the measurement and analysis of interfacial energies as well as characterization of 
resultant liposomes; supplementary figures and movies show fabrication of diverse emulsion templates and liposomes as well as 
membrane protein-mediated transport of fluorescence molecules.  
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